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A B S T R A C T

The importance of microalgae as a potential source of biofuel and value-added products has led to the devel-
opment of microalgae-based biorefinery in recent years. However, the downstream process including lipid ex-
traction and the refining process remains one of the main problems for commercialization due to its low eco-
nomic feasibility induced by high usage of organic solvents and energy consumption. To solve these problems, a
high shear mixer (HSM) was applied to the downstream process in this study. We first demonstrated both lipid
extraction and degumming process using a bench-scale HSM with concentrated wet biomass (360 g/L) of DHA-
rich oleaginous Aurantiochytrium sp. The high shear-assisted lipid extraction process was developed based on key
operating parameters, the solvent to wet cell (S/W) ratio, rotational speed (rpm), and temperature. Our results
revealed that 90% lipid extraction yield was achieved with the lowest energy consumption (4.83MJ/kg) and
solvent usage (5.9 ml/g dry cell) at conditions of a 2:1 (w/v) of S/W ratio and 7000 rpm at 55 °C for 30min
treatment. In the degumming process, the impurities were removed from the crude oil by hydrating phospho-
lipids. As a result, highly purified degummed oil with the negligible phosphorus content (5 ppm) was obtained.
These results suggest that the HSM can be applied to the downstream process to obtain highly purified lipids
with low energy consumption and solvent usage, thereby dramatically improving the overall economic feasi-
bility compared to the conventional process.

1. Introduction

In recent decades, microalgae-based biorefinery, a process that
utilizes all components of microalgae, has been widely studied as a
potential replacement of the petroleum refinery processes. By utilizing
all components in microalgal cells, biofuel production can be an eco-
nomically viable process in tandem with the manufacture of other
bioproducts such as animal feeds, dietary supplements, cosmetics,
pharmaceuticals products, etc. [1–3]. Heterotrophic cultivation has
unique advantages due to its outstanding biomass and oil productivity
than photoautotrophic cultivation [4]. Thraustochytrids, a commercial
strain notably suitable for heterotrophic cultivation, produce not only
high amounts of lipids (> 50% of the dry cell weight) but also accu-
mulate significant amounts of pharmaceutically available lipids
(omega-3 lipids, squalene, and carotenoids), which is the most dis-
tinctive feature compared to photoautotrophic microalgae [5–7]. An-
other essential feature of this microorganism is that some of the family

members lack a cell wall. Aurantiochytrium sp., a member of Thraus-
tochytrid family, has been studied widely as a model strain for applying
a new lipid extraction technology due to its high lipid content and
absence of the cell wall [8,9]. This cell wall-less characteristic provides
a great advantage in a downstream process of biofuel and bioproduct
production over phototrophic algae. Offering high practicality of si-
multaneous bioproduct and biofuel production, Aurantiochytrium sp.
thus can be considered a suitable feedstock for commercialization of
microalgae-based biorefinery.

However, for commercialization of these products, many challenges
should still be overcome, despite their potential use as a feedstock. One
of these challenges that have attracted relatively little attention from
researchers is the lipid extraction process, which requires considerable
energy consumption and costly organic solvents. The general lipid ex-
traction route for microalgae is wet extraction, which circumvents the
energy-intensive drying step and involves direct contact with an or-
ganic solvent [10]. However, despite the cell wall-less characteristics of
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Aurantiochytrium sp., the barrier created by high water contents
(> 70wt%) significantly reduces the accessibility of non-polar organic
solvents to intracellular lipids and inhibits the extraction [11]. Thus, to
overcome the water barrier and increase the lipid extraction yield,
many researchers have developed various physical and chemical cell
disruption methods that are applied before the lipid recovery step using
an organic solvent [12–15]. Although these processes produce a high
lipid recovery yield, they require considerable energy to disrupt mi-
croalgal cells and a large amount of organic solvent for lipid recovery,
which increases the entire production costs [10,16].

It is therefore necessary to develop a new method to reduce the
energy and solvents required for lipid extraction. One possible candi-
date is use of a high shear mixer (HSM), which is a mixing device that
consists of a rotor-stator assembly with a small gap (100–3000 μm). A
HSM can produce high shear rates (20,000–100,000 s−1) and highly
localized energy dissipation rates, which allow more efficient mixing
than a conventional stirred vessel [17]. HSMs have been widely used
for energy-intensive mixing of biphasic systems with diverse purposes,
including liquid-liquid dispersion [18,19], solid-liquid suspension
[20,21], and chemical reactions [22,23]. HSMs have also been con-
sidered for microalgal-cell disruption due to their high scalability and
low energy consumption compared to other mechanical disruption
methods [24]. A recent study using a HSM revealed that it is suitable to
treat wet microalgal biomass for efficient cell disruption and lipid ex-
traction [25]. The previous study also highlights some features of HSM
usage for lipid extraction: (1) this process can achieve cell disruption
and lipid extraction in a simultaneous manner; (2) it can extract lipids
using water-immiscible solvents such as n-hexane; and (3) a similar
level of lipid yield can be achieved with both dry and wet microalgal
biomass [25]. These results clearly show that the HSM offers promise
for application to wet lipid extraction without a prior cell disruption
step. However, additional research for process development such as
investigation of the scalability and the effects of operational parameters
(energy consumption and solvent usage) to determine the practicality
of HSM for biofuel production has yet to be carried out.

In addition to the problematic lipid extraction process, another
important obstacle to overcome for fine fuel production is the oil pur-
ification process. Crude oil extracted from microalgae, which is majorly
composed with triacylglyceride (TAG), requires purification in order to
be used as food or fuel [26]. The purification process is a crucial step for
biofuel production because there is a considerable amount of unwanted
impurities in extracted oil such as phospholipids, water-soluble ions,
and inorganic metals [27], which cause catalyst poisoning during the
conversion process [28]. Among these impurities, phospholipids, the
main constituent of cell membranes, can negatively affect catalytic
conversion in both hydrogenation and deoxygenation processes
[29,30]. These phospholipids can be removed by hydration via mixing
with water to create a water-in-oil emulsion, which spontaneously
precipitates to form a sludge. The sludge can then simply be removed
by phase separation, a process known as degumming [31]. Generally, in
a conventional system, mixing by an agitation mixer is applied at a
shear rate greater than 15,000 s−1 [32]. Accordingly, we expect that it
will be possible to maximize the degumming performance in our high
shear mixing system, which produces a higher shear rate than the tra-
ditional agitation mixer and is more suitable for dispersion of an im-
miscible biphasic liquid-liquid system.

In this study, we developed a high shear-assisted lipid extraction
from the wet biomass of Aurantiochytrium sp. KRS101 using a batch
HSM, which is capable of producing shear rates up to 110,000 s−1.
Based on the comparison made in a lab-scale extraction system, op-
eration parameters were optimized in a bench-scaled system.
Furthermore, the effects of temperature and the rotational speed on
lipid extraction were evaluated using a lipid extraction rate constant
through the first-order kinetic model. The lipid extraction results were
used to compare the economic feasibility of the HSM with other con-
ventional extraction methods regarding lipid yield, specific energy

consumption, and solvent usage, and the degumming process was then
carried out using the extracted crude oil. By a thorough investigation of
the fine oil production from extraction to refinement using a HSM, this
study provides insight into the potential application of high shear-as-
sisted lipid extraction and degumming methods in the downstream
process of algae-based biofuel production.

2. Materials and methods

2.1. Materials

The Korea Research Institute of Bioscience and Biotechnology
(KRIBB) kindly provided Aurantiochytrium sp. KRS101 cultivated in a
pilot scale fermenter. KRS101 was first cultivated in a 50 L fermenter
for two days, and then transferred to a 500 L fermenter and cultivated
for two days more. Final cultivation was performed in a 5-ton fermenter
with 3.4 tons of working volume for 4 days and harvested using a disc-
type centrifuge to 150–200g/L. The harvested biomass was con-
centrated to remove the remaining water by using a centrifuge and
immediately stored at −70 °C until use. The water content of the final
harvested biomass pellet was 65.4 ± 0.9wt%. N-hexane for lipid ex-
traction (> 95%) was purchased from Samchun Chemical (Pyeongtaek,
Korea). Chloroform and methanol (HPLC grade) were purchased from
Merck (Darmstadt, Germany), and sulfuric acid (99.8%), FAME mix,
and nonadecanoic acid (≥99.5%) were purchased from Sigma-Aldrich
(St. Louis, United States). Pure compressed air, nitrogen (N2), helium
(He), and hydrogen (H2) gases were purchased from Samo Gas
(Daejeon, Korea).

2.2. Mechanical lipid extraction methods in a lab-scale and microscopic
observation

To compare the lipid extraction efficiency of the HSM with the
conventional method, a magnetic stirrer (IKA, Germany) and a VCX-
750 ultrasonic processor (Sonics, USA) were applied to lipid extraction.
All experiments were conducted with 10 g of wet microalgae and 40ml
of hexane for 1 h treatment. The stirrer and ultrasonic processor were
operated at 500 rpm and 30% amplitude with a 3mm microtip, re-
spectively. In the case of the stirrer, the temperature was maintained at
50 °C to produce the same thermal conditions as for ultrasonication and
the HSM. The small-scale tubular HSM (Silverson, UK) was applied to
lipid extraction at 10,000 rpm. The diameter of the rotor and the ro-
tor–stator gap of the HSM are 15.7 and 0.075mm, respectively.
Microscopic images of the disrupted cells were obtained with a DM2500
microscope equipped with a DFC425C camera (Leica Microsystems,
Germany). Microscopic observation was performed after washing with
a phosphate buffer solution (PBS) to remove hexane residual. All ex-
periments were carried out in duplicates.

2.3. Lipid extraction by the bench-scale HSM

In the main experiment, a bench-scale HSM was applied to the lipid
extraction and compared with the lab-scale HSM to examine the scal-
ability effect of the HSM. The bench-scale HSM applied in this work was
an L5M-A batch mixer (Silverson, UK) manufactured in a stainless steel
vessel with a cover to minimize solvent evaporation. The surface of the
vessel and the cover was coated with ethylene tetrafluoroethylene
(ETFE) EC-6519 (Dalkin, Japan) to reduce attachment of biomass on
the surface. The mixing head was placed in the center of the vessel and
15mm apart from the bottom. The diameter of the rotor and the ro-
tor–stator gap distance were 31.4 and 0.15mm, respectively. A com-
mercial screen that consists of 266 holes of 1.5mm diameter was used.
The length scale and available working volume of the bench-scale HSM
are twice and 48-times larger than the lab-scale HSM, respectively. In
this work, the material (wet biomass and extraction solvent) was in-
creased eight times for the bench-scale experiment and operated at

M. Kwak, et al. Separation and Purification Technology 227 (2019) 115666

2



5000 rpm (same rotor tip speed with lab-scale HSM) for 1 h.
To optimize the lipid extraction efficiency and energy consumption

of the bench-scale HSM, the rotor speed and the solvent to wet cell (S/
W) ratio were used as experiment conditions without temperature
control. The S/W ratio was varied among 4:1, 3:1, 2:1, and 1:1 (v/w)
with 80, 100, 133, and 200 g of wet cell and 320, 300, 267, and 200ml
of hexane, respectively (400ml of total volume), and mixing was car-
ried out at 5000 rpm for 1 h. Four different rotational speeds (3000,
5000, 7000, 9000 rpm) were tested at a 2:1 S/W ratio with a total
volume of 400ml. Extracted lipids, esterifiable lipids, and DHA were
measured with increasing treatment time (1, 10, 20, 30, 40, 50, and
60min). For a temperature control experiment, the temperature was
sustained by using a JSR water circulator (JSRC-06C, Korea) at 15 and
55 °C, and a 2:1 S/W ratio with 3000, 5000, 7000, and 9000 rpm. For
all experiments, temperature and power consumption were measured
using a thermometer and a Wattman power meter (HPM-100A, Korea).
All lipid extraction experiments with bench-scale HSM were carried out
in duplicates.

2.4. Quantification and characterization of extracted lipids and esterifiable
lipids

The solvent-wet biomass mixture was sampled to analyze extracted
lipid content with the gravimetric method [25]. The mixture was cen-
trifuged at 7000 rpm for 5min and the supernatant was filtered with a
0.22 μm polytetrafluoroethylene (PTFE) filter. 3 ml of filtrate was dec-
anted into a pre-weighed aluminum dish and evaporated under a fume
hood. Extracted lipid content was calculated using the following
equation.

= ×
×

×Extracted lipids (mg/g dry cell) (W W ) V
V W

1000l d t

d b (1)

Wl, Wd, and Wb represent the weight of the aluminum dish with lipids,
aluminum dish, and sample biomass weight, respectively, and Vt and Vd
represent the total volume of hexane and decanted volume of hexane.

The esterifiable lipid content and its composition were measured
using the in situ transesterification method [33]. The filtrate was dec-
anted into a 15ml Pyrex glass tube and the solvent was completely
evaporated by nitrogen purging. Chloroform, methanol, and non-
adecanoic acid (0.5 mg/ml) as an internal standard were added to the
lipid residue, with sulfuric acid (99.8%) as an acid catalyst. The mix-
tures were vortexed vigorously and heated at 100 °C for 20min. After
phase separation by adding distilled water, the content of esterifiable
lipids in the organic phase was analyzed by gas chromatography (6890,
Agilent, United States) with a flame ionized detector (GC-FID) and an
INNOWAX capillary column (30m×0.32mm×0.5 μm, Agilent,
USA). The esterifiable lipids were quantified and characterized by
comparison of retention times and peak areas with the internal standard
and FAME mix.

2.5. Determination of the total lipid and total esterifiable lipid content and
composition

The total lipid content was analyzed by a modified Folch method
with the following procedure [34]. Concentrated cells were lyophilized
at −80 °C for two days to obtain dried cells and used to determine the
total lipid and esterifiable lipid content of Aurantiochytrium sp. KRS101.
10ml of chloroform: methanol 2:1 (v/v) and 50mg of dry biomass were
mixed in a 50ml Pyrex glass vial by using an ultrasonic bath with
maximum amplitude for 1 h. 2.5ml of distilled water was added for
phase separation and the chloroform layer was separated by a cen-
trifuge. The lower phase was decanted to the pre-weighed aluminum
dish and the total lipid content was measured by applying Eq. (1) in
Section 2.4.

Total esterifiable lipids were determined by the method described in
Section 2.4. 10mg of freeze-dried cells was mixed with 2ml of

chloroform/methanol 2:1 (v/v) and vortexed for 10min to extract total
lipids. Additional methanol (1ml) and sulfuric acid (300 μl) were added
for the transesterification reaction and analyzed by GC-FID. Non-es-
terifiable lipids were obtained by the difference of total lipids and es-
terifiable lipids. The detailed total lipid content and composition are
shown in Table 1. All experiments for the lipid analysis were carried out
in triplicates.

2.6. Calculation of Reynolds number

To calculate the Reynolds number, the mixture of wet biomass and
solvent was assumed to be homogenous. The Reynolds number of the
HSM was calculated by the following equation.

=Re ND
µ

2

(2)

ρ and μ represent the density (kg/m3) and apparent viscosity of a non-
Newtonian fluid (Pa∙s), and N and D represent to the rotational speed
(s−1) and diameter (m) of the nominal rotor (impeller).

The density of the mixture of wet biomass and solvent was calcu-
lated by the following equation.

=
=

M X M

i

n
i i

0 i (3)

ρi, Mi, and Xi represent the density, molecular weight, and mole fraction
of each component, respectively, and ρ and M represent the average
density and molecular weight. The density of each component at 40 °C,
the average temperature in this study, was used. The molecular density
of Aurantiochytrium sp. cells was calculated by using its elemental
composition. The carbon (C), hydrogen (H), nitrogen (N), and sulfur (S)
contents were analyzed using an elemental analyzer (Thermo scientific
FLASH 2000, USA), and the oxygen (O) was calculated by the difference
[35]. The elemental composition of the Aurantiochytrium sp. was
52.08% of C, 7.5% of H, 0.4% of S, 5.97% of N, and 34.05% of O. Based
on the results, an average molecular weight of the Aurantiochytrium sp.
by dividing total mass with total mole numbers of elements. The density
of the Aurantiochytrium sp. was assumed to be the same as water. The
calculated mixture density was 763 kg/m3.

The apparent viscosity of the mixture of wet biomass and solvent
was calculated by Taylor’s formula, which is used for a mixture of
immiscible liquids [36].

= +
+

+
1 2.5 (

 0.4
)m

l

d l

d l (4)

ηm, ηl, ηd, and φ represent the viscosity of the mixture, liquid appearing
as the continuous phase, liquid appearing as the disperse phase, and
volume fraction of the disperse phase. In this work, the continuous
phase and disperse phase are hexane and wet biomass, respectively.

The apparent viscosity of the wet biomass at a specific rotational
speed can be calculated by following equation

Table 1
Lipid and fatty acid composition of Aurantiochytrium sp.
KRS101.

Total lipids (wt%) 56.4 ± 2.2

Esterifiable lipids 46.6 ± 0.9
Myrisitc acid (C14:0) 1.1 ± 0.0
Palmitic acid (C16:0) 19.9 ± 0.4
Stearic acid (C18:0) 0.7 ± 0.0
EPA (C20:5n3) 0.4 ± 0.0
DPA (C22:5n3) 4.9 ± 0.1
DHA (C22:6n3) 18.9 ± 0.4
Etc. 0.6 ± 0.0
Non-esterifiable lipids 9.8 ± 3.1
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= / (5)

where η is viscosity (Pa∙s), τ is shear stress (Pa), and γ is shear rate
(s−1). The shear rate (γ) of the HSM at specific rotational speed can be
calculated with the following equation:

= ND/ (6)

where N is the rotational speed (s−1), D is the rotor diameter (m) and δ
is the gap distance between the rotor and the stator (m). The re-
lationship between shear rate and shear stress of Aurantiochytrium sp.
can be measured by using the rheometer (MCR302, Anton Paar,
Republic of Austria), which showed a shear-thinning relationship. The
relationship can be described as the following equation derived from
empirical correlation:

= + =0.1894 ln( ) 2.0303 (R 0.9772)2 (7)

By substituting 7 into 5 gives,

= +[0.1894 ln( ) 2.0303]/ (8)

The apparent viscosity can be calculated by substituting shear rate
of HSM calculated by Eq. (6) into Eq. (8).

2.7. Kinetic modeling

2.7.1. Calculation of lipid extraction rate constant
Kinetic modeling of the high shear-assisted lipid extraction was

performed to calculate the lipid extraction rate constant (k). In general,
solvent extraction of microalgal lipids was reported to follow the first-
order kinetics based on concentration gradient [37,38]. The kinetic
model equation for first-order kinetics can be described with:

=dY(t)/dt  k(Y Y(t))max (9)

where Y is the extracted lipid content (mg lipid/g cell), t is the ex-
traction time (min), k (min−1) is the lipid extraction rate constant for
first-order kinetics and Ymax is the maximum lipid content extracted,
which is the same value with total lipid content of the microalgae de-
termined in Section 2.5. The Eq. (9) can be re-written as follows:

= +ln (Y Y(t)) kt  Cmax (10)

Since the microalgal species used this study, Aurantiochytrium sp.,
has a distinct feature of cell wall-less characteristic unlike green mi-
croalgae, some portion of lipids can be leaked out of the cells during
biomass harvesting process in forms of extracellular lipids. As a result,
the extracellular lipids can easily be recovered within 30 s after a single
dispersion of wet biomass in the organic solvent. However, the portion
of extracellular lipids are not high compared to intracellular lipids and
the purpose of our study is to investigate the extraction kinetics of in-
tracellular lipids. Thus, we defined a time domain for the treatment
time from 0.5 to 60 mins. At t= 0.5, the equation gives:

= +C  ln (Y Y(0.5))  0.5kmax (11)

By substitute C to Eq. (10)

=ln (Y Y(t)/Y Y(0.5)) k(t 0.5)max max (12)

which can be simplified by replacing terms Y(0.5) by Yo and t-0.5 by
t' gives the following equation:

=ln(Y Y(t)/Y Y ) ktmax max o (13)

Based on the Eq. (13), the rate constant can be obtained by calcu-
lating the slope of a plot of ln (Ymax−Y(t)/Ymax−Yo) vs t' (Fig. S4. of
Supplementary Material).

2.7.2. Development of empirical correlation for the rate constant
Empirical correlation of the rate constant (k, min−1) with absolute

temperature (T, K) and rotational speed (V, rpm or min−1) was de-
veloped based on the results calculated in the previous section. The
absolute temperature was calculated by adding 273.15 to Celsius

temperature. The range of rotational speed was restricted from 0 to
7000 rpm. In general, the rate constant and temperature are known to
follow the Arrhenius equation [39]:

=k  A·e - Ea/RT (14)

where A is the Arrhenius constant, Ea is the activation energy, R is the
gas constant, and T is the temperature in Kelvin. The rotational speed of
mixer has an increasing relationship with rate constant [17]. In this
study, the rate constant has a linear relationship with rotational speed
(Fig. 5(a)). Based on these relationships, empirical correlation can be
derived:

=k  B·V·e - C/T (15)

where B and C are constants to be solved. To obtain constant C, the
Arrhenius plot was applied according to the following equation:

=ln k  ln B· V C/T (16)

using Eq. (16) and rate constant at various temperature obtained in the
above Section 2.7.1, the average slope of the 1/T vs. ln k graph was
obtained (Fig. 5(b)).

To obtain B, insert nine sets of experimental results of the rate
constant, temperature and impeller speed in Eq. (15) and averaged
those values with excluding values over the 10% error range of the
mean value. After obtaining B and C, the empirical equation can be
described as follows (with the R2 value of 0.9362):

=min ek ( ) 9.09·V·1 4586/T (17)

The plot of experimental values (kreal) and predicted values from the
empirical equation (kmodel) was presented in Fig. S6 of the
Supplementary Material.

2.8. Degumming of extracted lipids with a high shear mixer

Degumming of the crude lipids was carried out in duplicates with a
lab-scale HSM (IKA T18, Germany), which had 10mm diameter and a
0.35mm shear gap. To remove phospholipids by hydration, water (0.1,
0.5, 1, 2, 3, 4, 5, 10, 20, and 30 vol% to oil) was added to the extracted
lipids. 5 ml of crude lipids was added into a 50ml pyrex glass tube and
mixed with water at 2800 rpm for 1min. To remove non-hydratable
phospholipids, acid treatment was performed to change hydratability of
the phospholipids with sulfuric acid (0, 0.025, 0.05, 0.1, 0.3, and
0.5 vol% to oil) at a fixed temperature (50 °C) and 5 vol% water. After
the reaction, the precipitated sludge was separated from the oil phase
by centrifugation (16,000 g, 10min). The phosphorus content (ppm) of
the oil phase was analyzed by an ICP-OES (inductively coupled plasma
with an optical emission spectrometer, Spectro blue, SPECTRO, Ametek
Inc, Germany). The phosphorus removal efficiency was calculated using
the following equation.

= ×Phosphorus removal efficiency (% ) Co C
Co

100 (18)

where Co and C represent the phosphorus content of crude oil and de-
gummed oil, respectively. The initial phosphorus content in crude oil
after the HSM treatment was 2009 ppm.

After optimization of the degumming process, the treatment volume
of crude oil was scaled up to 500ml and the bench-scale HSM used in
the lipid extraction experiment was applied with a 5 vol% water with
0.025 vol% sulfuric acid at 4000 rpm and 50 °C for 30min treatment.
Detailed characterization of the degummed oil was carried out by ele-
mental analysis (C, H, O, N, S), ICP-OES (P, Ca, Mg), ionic chromato-
graphy (Cl−, SO42−, NO3−, PO43−, Metrohm, Switzerland), and GC-FID
(Total fatty acid, palmitic acid (PA, C16:0), docosapentaenoic acid
(DPA, C22:5), docosahexaenoic acid (DHA, C22:6))
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3. Results and discussion

3.1. Comparison of the HSM with conventional extraction methods on a
lab-scale

The performance of the HSM in terms of the extracted lipid content
is compared with that of the conventional stirrer and an ultrasonicator
after 1 h treatment (Fig. 1.). Although efficient extraction of lipids was
anticipated for all methods due to the absence of cell walls, a noticeable
difference in yield was observed between the stirrer and the other
methods. The HSM (514.4mg/g dry cell) and the ultrasonicator
(517.6mg/g dry cell) showed nearly identical lipid extraction yield of
91%, whereas the stirrer only showed 27% yield (150.2mg/g dry cell),
even though thraustochytrid species do not have cell walls. The dif-
ference in lipid extraction yields can be attributed to the different dis-
persion capability of these mechanical methods. Generally, diffusion
and bulk convection of the solvent are regarded as the major influential
factors in solvent extraction processes [3]. Effective dispersion of the
wet biomass increases the overall surface area of the particles, resulting
in an increase of the overall mass transfer rate of the solvent into the
cell membrane. These factors are especially important in lipid extrac-
tion with wet biomass because the inter- and intra-cellular water bar-
ricades non-polar solvents such as n-hexane to impede lipid extraction.
Therefore, a high dispersion efficiency is required to blend wet biomass
and non-polar solvents for efficient extraction. The typical size dis-
tribution range, which is a determining factor of the dispersion effi-
ciency, of the ultrasonicator and the HSM is reported to be 0.2–0.5 μm
and 0.5–100 μm, respectively, whereas the agitation mixer has a
20–500 μm distribution range [17]. Although the typical size range of
the HSM is larger than that of the ultrasonicator, the HSM creates an
adequate dispersion that is on par with that of an ultrasonicator by
turbulent flow to withdraw lipids efficiently.

Microscopic observations also confirmed that maximizing the mass
transfer strategy using the HSM is enough to overcome the water bar-
rier and extract lipids from wet biomass without severe cell disruption.
Before mechanical treatment (Fig. S1(a) of Supplementary Material),
the intact Aurantiochytrium cells formed a thick floc and no severe de-
formation was observed. Treatment with an agitation mixer also did not
result in damaged cells or extracted lipid droplets, due to insufficient
shear forces to extract lipids (Fig. S1(b) of Supplementary Material).
With ultrasonication treatment (Fig. S1(c) of Supplementary Material),
the cells were entirely ruptured by strong cavitation, which led to a
high lipid recovery yield. The HSM, on the other hand, did not fully

destroy cells and produced similar extraction performance to that of the
ultrasonicator (Fig. S1(d) of Supplementary Material). It appears that
mechanically enhanced mass transfer rate of the hexane allowed pe-
netration of the water barrier and cell membrane of the cells and
withdrawal of lipid droplets without damaging the cells. In other words,
the HSM utilizes the supplied energy much more efficiently to obtain
the same lipid extraction performance compared to ultrasonication.
This confirms that efficient lipid extraction without severe cell disrup-
tion is achievable by increasing the mass transfer rate with turbulent
flow created by the HSM.

3.2. Scaling-up effects of the HSM

One of the critical factors for the commercialization of biofuels in
lipid extraction methods is the degree of ease in scaling-up. With HSMs
being currently employed in various industrial-scale processes from
food to chemical production [40], they have an advantage over other
mechanical cell disruption methods such as ultrasonication and mi-
crowave in terms of scalability [41]. Accordingly, the HSM can be ea-
sily scaled up based on its rotor tip speed (ND) and geometrical simi-
larity [42]. Moreover, the HSM is also a suitable lipid extraction tool
compared to other mechanical methods according to our results.
However, since only a few studies have investigated the scalability of
the HSM for efficient lipid extraction [43], a scalable demonstration of
the HSM is necessary.

To demonstrate the suitability of the HSM in the up-scaled lipid
extraction process, two different scales (lab-scale and bench-scale) were
compared at the same rotor tip speed (8.2m/s) and treatment time (1 h)
(Table 2). The overall geometrical size was increased twofold including
both the rotor diameter and the rotor-stator gap, from 15.7 to 31.3mm
and 0.075–0.15mm, respectively. These changes increased the flow
intensity (Reynolds number) but decreased the shear rate of the HSM.
The results showed that scaling up the HSM is advantageous regarding
energy consumption at similar extraction yield and composition. Al-
though the shear rate of the bench-scale mixer is lower than that of the
lab-scale mixer, the Reynolds number is increased twofold, which can
provide enough mixing energy to achieve a high lipid extraction yield.
The bench-scale mixer showed 10-fold lower energy consumption
compared to the lab-scale mixer because the processing capacity is in-
creased eight-fold and the rotational speed (rpm) is decreased twofold
at the same rotor tip speed. The performance of the HSM is similar to
that of a high-pressure homogenizer, which shows better energy con-
sumption with increasing scale according to the processing capacity
[44]. This result suggests that the HSM has high scalability for the lipid
extraction process and can be beneficial with respect to economic fea-
sibility for the downstream process. On the other hand, since the op-
erating parameters in the bench-scale HSM have not yet been opti-
mized, further investigations of these parameters such as the solvent to

Fig. 1. Comparison of three different mechanical methods for lipid extraction
yield in terms of extracted lipids, esterifiable lipids, and DHA content. Error
bars represent the standard deviation of duplicate experiments.

Table 2
Comparison of the lab and bench-scale HSM in terms of extracted lipid content,
specific energy consumption, and important geometrical factors.

Lab-scale Bench-scale

Treated wet biomass (g) 10 80
Rotational speed (rpm) 10,000 5,000
Rotor diameter (mm) 15.7 31.4
Shear gap distance (mm) 0.075 0.15
Rotor tip speed (m/s) 8.22 8.22
Shear rate (s−1) 1.10× 105 5.48× 104

Reynolds number 8.28× 104 1.66× 105

Lipid yield
Extracted lipids 518.4 ± 12.0 514.4 ± 1.4
Esterifiable lipids 430.1 ± 9.3 432.2 ± 0.8
DHA 168.8 ± 4.3 169 ± 0.8

Energy consumption (MJ/kg) 55.7 5.86
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wet cell ratio, rotational speed, and extraction temperature must be
conducted to validate its commercial applicability in the lipid extrac-
tion process, which will be covered in the following sections.

3.3. Effects of operating parameters on lipid extraction

3.3.1. Effects of solvent to wet cell ratio
The solvent to wet cell (S/W) ratio in lipid extraction is a vital

feature to determine solvent usage, which are governing factors of
emulsion formation. The emulsion formation is a critical element in the
wet extraction process because it significantly reduces the extraction
yield by producing an inseparable two-phase mixture of water, biomass,
and lipid-containing organic solvent [45]. Unfortunately, microalgae
contain various kinds of bio-surfactants including phospholipids, gly-
colipids, lipopeptides that stabilize the emulsion and create micelle
when its concentration reaches a certain point, namely critical micelle
concentration (CMC) [46,47]. Thus, it is important to find the optimum
S/W ratio for efficient lipid extraction without emulsion formation.

To determine the optimum S/W ratio for high shear-assisted lipid
extraction, the S/W ratio was varied from 4:1 to 1:1 (Fig. 2). No dif-
ference in lipid extraction yield was observed until a S/W ratio of 2:1.
However, the yield declined when the S/W ratio was decreased to 1:1.
The reduction in yield was attributed to the emulsion formation, which
indicates that the S/W ratio of 1:1 is above the CMC. Accordingly, a
partial emulsion of the wet biomass and solvent was observed at 1:1
condition after treatment. The cell debris and bio-surfactants such as
protein and phospholipids created by partial disruption may provide
favorable conditions for emulsion [48]. Moreover, the ratio of ester-
ifiable lipids and total extracted lipids is decreased from 0.84 to 0.78 as
the S/W ratio decreases. This ratio can be a purity indicator of extracted
lipids, which contain strong bio-surfactants such as sophorolipids and
lipopeptides [49]. Thus, with increasing concentrations of these im-
purities as the S/W ratio decreases, more emulsion is expected to form.
This emulsion formation can be prevented by increasing temperature or
acid hydrolysis of bio-surfactants [50]. However, these treatments can
increase installation and wastewater treatment costs for neutralization
of acids and thus avoiding emulsion formation is preferred.

3.3.2. Effects of rotational speed
The effects of rotational speed on the kinetics of lipid extraction at

3000, 5000, 7000, and 9000 rpm with a 2:1 S/W ratio were in-
vestigated (Fig. 3). The results show that both the lipid extraction yield
and the rate increased as the rotational speed increased. The lipid

extraction rate was maintained constantly until nearly most of the lipids
were extracted. The extraction time decreased from 60, 40, and 30min
to obtain more than 500mg/g dry cell of lipids (> 90% of total lipid
content) at 5000, 7000, and 9000 rpm, respectively. Esterifiable lipids
and DHA follow a similar trend with that of the extracted lipids. Most of
the esterifiable lipids and DHA content (90 and 88% yield for each total
content) were extracted at both 7000 and 9000 rpm (Fig. S2 of
Supplementary Material).

To define the relationship between flow intensity and lipid extrac-
tion yield, the Reynolds number (Re) of each rotational speed was
calculated. In the impeller mixing system, laminar flow occurs when
0≤ Re≤10, transient flow occurs when 10 < Re≤104, and turbu-
lent flow occurs when 104 < Re [17]. The calculated Re based on
Taylor’s formula of each rotor speed from 3000 to 9000 rpm was
7.4×104, 1.4× 105, 2.3× 105, and 3.4×105, respectively, in-
dicating that mixing occurred in the turbulent regime at all conditions.
According to this result and lipid extraction performance shown in
Fig. 3, the effective lipid extraction yield of 90% or higher with the
HSM requires a Re higher than 105 with 1 h treatment. This number is
lower than that of the stainless blender (106), which achieved 80% lipid
extraction yield, suggesting that the HSM can be a potential replace-
ment of the conventional mixer [51].

One of the essential features to consider when using a HSM is heat
generation by strong shear forces and turbulent flow. As such, the
temperature of the solvent-wet biomass mixture increased at a rate of
0.6, 0.9, and 1.2 °Cmin−1 for 5000, 7000, and 9000 rpm, respectively
(Fig. S3 of Supplementary Material), which is beneficial for the lipid
extraction process to increase the mass transfer rate and to destroy the
cell membranes [52]. Thus, increasing the rotational speed affects not
only the bulk convection rate but also the mass transfer rate of the
extracting solvent by increasing the temperature of the mixture. How-
ever, since both the rotational speed and temperature of the mixture
influence the lipid extraction performance, an independent study on
each factor is required to determine the extraction-limiting factor.

3.4. Effects of rotational speed and temperature on lipid extraction kinetics

3.4.1. Lipid extraction results
To identify optimal temperature and rotational speed for high shear-

assisted lipid extraction and determine the governing factor, the lipid
extraction kinetics at various rotational speed (3000, 5000, 7000,
9000 rpm at 15 and 55 °C) and temperature (15, 25, 35, 45, and 55 °C at
7000 rpm) were evaluated (Fig. 4). As the rotational speed and

Fig. 2. Effects of solvent to wet cell ratio on lipid content extracted by high
shear mixing. Error bars represent the standard deviation of duplicate experi-
ments.

Fig. 3. Effects of rotational speed on lipid content extracted by high shear
mixing as a function of increasing treatment time. Error bars represent the
standard deviation of duplicate experiments.
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temperature increased, the lipid extraction rate and extracted lipid
content increased. The maximal lipid extraction yield was observed at
55 °C and 7000 rpm (96% of total lipid). When operating the HSM over
7000 rpm at both 55 and 15 °C, the degree of escalation in lipid ex-
traction rate and yield became negligible, which is consistent with
traditional solid-liquid mixing system [17]. Generally, in a solid-liquid
system, the mass transfer rate swiftly increases with increasing rota-
tional speed just up to the suspended state, due to an increase in both
interfacial areas per volume and the mass transfer coefficient. After
reaching the fully suspended state, the change of interfacial areas per
volume becomes negligible, and only the mass transfer coefficient is
actively increased at a much lower rate, resulting in a low mass transfer
rate. In other words, the HSM has completely suspended wet biomass,
and turbulent flow over 7000 rpm is already close to having maximized
the diffusion efficiency in a biphasic extraction system. A similar phe-
nomenon can also be found in other studies where the turbulent flow
generates microscale eddies, which continuously renew the particle
surface [53,54]. Therefore, it is reasonable to assume that this renewal
effect not only weakens the water barrier, which disturbs solvent dif-
fusion into the cell membrane but also increases the concentration
gradient between hexane and cells inside by supplying fresh hexane. It
appears that the renewal effect of the turbulent flow reaches the max-
imum level to increase the mass transfer rate under a condition of
7000 rpm.

The kinetics of HSM-based lipid extraction follows the first-order
kinetics [55,56]. This can be confirmed by plotting ln (Ymax− Y/
Ymax−Yo) against t', which shows the linear relationship corre-
sponding to Eq. (13) mentioned in Section 2.7.1 (Fig. S4 of
Supplementary Material). The lipid extraction kinetics seems to be
dependent on the temperature profile in this study: in one case tem-
perature is increased with heat generated by HSM (Fig. 3) and the other
is maintained at constant temperature (Fig. 4). In general, the con-
centration gradient between the microalgal cells and solvent con-
tinually decreases as extracting lipids at a constant temperature [57].
However, when HSM is used without temperature control, additional
heat energy provides a driving force to maintain the extraction rate
until complete extraction of intracellular lipids. This unique kinetics
also conforms the extraction accompanied by hydrodynamic cavitation,
which generates heat during the process [52].

3.4.2. The extraction rate constant (k)
Based on the lipid extraction results, lipid extraction rate constant

(k, min−1) was calculated based on the first-order kinetics (Fig. 5). The
results show that the rate constant has a linear relationship with rota-
tional speed (Fig. 5(a)). The k values over 7000 rpm are similar for both
at high and low-temperature condition, which corresponds to the re-
sults from the previous section. The rate constant increased more sen-
sitively with respect to the rotational speed at a higher temperature. In
contrast, the rate constant showed a no significant change at a low

Fig. 4. Effects of rotational speed and temperature on lipid content extracted by
high shear mixing as a function of increasing treatment time. (a) Effects of
rotational speed on lipid content at 15 and 55 °C. (b) Effects of temperature on
lipid content at 7000 rpm. Error bars represent the standard deviation of du-
plicate experiments.

Fig. 5. Effects of rotational speed and temperature on extraction rate constant.
(a) Effects of rotational speed on extraction rate constant at 15 and 55 °C. (b)
Arrhenius plot of ln k against 1/T from 15 to 55 °C (288.15–328.15 K) at
7000 rpm.
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temperature, which indicates that the rotational speed is an effective
parameter only under high temperature. When increasing temperature
from 15 to 55 °C at 7000 rpm, the extraction rate constant increased
rapidly (Fig. S5 of Supplementary Material). We found that the ex-
traction rate constant and temperature follows the Arrhenius plot,
which shows a linear relationship between ln k and 1/T (Absolute
temperature) (Fig. 5(b)).

To compare the influence of temperature and rotational speed on
the mass transfer rate more directly, an empirical correlation of k with
absolute temperature (T, K [=] °C+ 273.15) and rotational speed (V,
min−1 [=] rpm) was developed based on Arrhenius equation (refer to
Section 2.7.2). The empirical equation is described with:

= =min ek ( ) 9.09·V· (R 0.9362)T1 4586/ 2 (19)

The model was well fitted with the experimental values, which is
presented in Fig. S6 of Supplementary Material. These results are
clearly insisting that temperature has more influence on the rate con-
stant than rotational speed. In a biphasic system, the high shear force
with strong turbulent mixing is required in order to reduce the inter-
ference effect of the water barrier and to maximize the mass transfer
rate. However, a high temperature is a prerequisite to obtain a high
lipid extraction rate and yield. Accordingly, the HSM can be an ap-
propriate tool for the biphasic extraction process, as it can provide both
strong turbulent mixing as well as extraction-favorable temperature
through high shear force.

3.5. Comparison of high shear-assisted lipid extraction with other methods

The extraction performance of the HSM was evaluated by compar-
ison with other lipid extraction methods for Thraustochytrid species
based on specific energy consumption (MJ/kg dry cell), solvent usage
(ml/g dry cell), and lipid extraction yield (wt% for total lipid content)
(Table 3) [12,14,58–61]. Recently, various methods for both dry and
wet extraction were studied using not only conventional physical and
chemical methods but also advanced disruption methods. In general,
most methods were developed for treating small amounts of biomass
(0.05–5 g), and these methods were focused on obtaining high lipid
yield and cell disruption efficiency rather than reducing energy con-
sumption and solvent usage.

The HSM was found to be advantageous in terms of both specific
energy consumption and solvent usage with high lipid extraction yield.
The HSM required only 5.9ml/g of hexane and 5.99MJ/kg of energy to
obtain 90% lipid yield at 7000 rpm for 40min treatment without
temperature control. Through temperature control at 55 °C, specific
energy consumption and treatment time of the HSM was reduced to
4.83MJ/kg (including heating energy of 0.56MJ/kg) and 30min with
the same lipid yield due to short treatment time. Bead milling, one of
the representative mechanical methods for cell disruption, showed 80%
lipid yield with 50 g/L of wet biomass, but its specific energy con-
sumption was 264MJ/kg, which is 95-fold higher than that of the HSM
[12]. This significant reduction of energy consumption by HSM is at-
tributed to the diffusion-based extraction without complete cell dis-
ruption such as in the bead milling process. The bead milling treatment
requires complete cell disruption for extracting lipids due to the high
content of extracellular water (95 wt% water content), which greatly
impedes diffusion of solvents into intracellular lipids as compared to
concentrated wet biomass (65 wt% water content). As a result, high-
energy consumption is inevitable with bead milling despite the short
treatment time of 10min. A few studies have attempted to extract
cellular lipids with advanced materials economically. Yoo et al applied
a pDMAMS-coated membrane for chemical cell disruption of KRS101,
which required only circulation energy of wet biomass culture [60].
However, its disruption efficiency is low due to insufficient mixing
energy, which resulted in long process time and low lipid yield com-
pared to the HSM.
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acid-catalyzed hot water and liquefied dimethyl ether (96.7, 97.9, and
94.6% respectively) provided higher lipid yield compared to the HSM
[14,58,61]. However, these works employed 22–100-fold higher sol-
vent usage compared to the HSM, which significantly increases both
solvent cost and evaporation energy for hexane recycle [16]. Osmotic
shock is comparable to the HSM in terms of energy consumption, but it
requires an energy-intensive drying process and additional salts, which
have an adverse effect on the downstream process. Specific energy
consumption of the acid-catalyzed hot water extraction and solvent
extraction using liquefied dimethyl ether was not measured. In the case
of acid-catalyzed hot water extraction, low energy consumption
(6.7MJ/kg dry cell) for green microalgae was reported with 2 wt% of
H2SO4, 145 °C for 5min treatment in a small scale (5ml), which is still
higher than that of the HSM [62]. These results clearly indicate that the
HSM is an excellent lipid extraction method in terms of both specific
energy consumption and solvent usage, which are essential factors for
determining the overall process efficiency.

3.6. Oil degumming process with HSM

In order to obtain purified oil for the conversion process, high shear-
assisted degumming process based on hydration of phospholipids was
performed (Fig. 6). For the water (vol.% to oil), which is the most
critical factor for the degumming process, the phosphorous removal
efficiency increased dramatically with 5 vol% of water, reaching 98.7%
removal efficiency (from 2009 to 20 ppm) only within 1min of treat-
ment (Fig. 6(a)). The rest of the phosphorus content (1%, 20 ppm) is
assumed to be non-hydratable phospholipids. In general, there are four
major phospholipids, phosphatidylcholine (PC), phosphatidylinositol
(PI), phosphatidyl-ethanolamine (PE), and phosphatidic acid (PA) in
microalgae, depending on the functional group bonded to a phosphate
group, choline, inositol, ethanolamine, and hydrogen respectively. PC
and PI are generally known as pH-independent hydratable phospholi-
pids, while PE is hydratable at alkali and acidic conditions and PA is
hydratable at the neutral condition, which also known as non-hy-
dratable phospholipids [63]. Since our results show that the phos-
phorous content in the oil decreases as increasing vol. % water at
neutral condition, we can assume that PE is the main constituent of
non-hydratable phospholipids in the degummed oil.

Effects of sulfuric acid (vol.% to oil) were also tested to remove
residual phosphorus content with various conditions at 5 vol% water
and 50 °C (Fig. 6(b)). An alkali condition was not tested due to the risk
of saponification. The results show that phosphorus removal efficiency
increased from 98.7% (20 ppm) to 99.8% (5 ppm) with 0.025 vol%
sulfuric acid, but decreased as increasing vol. % sulfuric acid. These
results can be explained by acid-catalyzed hydrolysis of the ester bonds
in triacylglycerides (TAGs). As decreasing pH, non-hydratable phos-
pholipids became positively charged, resulting in hydration of phos-
pholipids [63]. However, the acid also can play a role as a catalyst for
hydrolysis of neutral lipids, the TAGs, a major component of the Aur-
antiochytrium sp. lipids [64]. This causes the competitive reaction be-
tween hydrolysis of TAGs and hydration of phospholipids under acidic
condition. Consequently, the water added to remove phosphorous are
mainly consumed in the hydrolysis of TAGs, so the acid addition be-
yond certain concentration significantly reduces phosphorous removal
efficiency.

Based on these results, the experiment scale was increased from 5ml
to 500ml (a bench-scale HSM), and detailed oil characterization was
performed including evaluation of the phosphorus content. As a result,
final degummed oil, which containing phosphorus below 10 ppm, was
obtained by using a 5 vol% water with 0.025 vol% sulfuric acid at
4000 rpm, 50 °C for 30min treatment. Fig. 6(c) shows the samples from
wet biomass to final degummed oil, and the detailed composition of
crude oil and degummed oil is presented in Table 4. As seen in Fig. 6(c)
and Table 4, there were no significant differences based on the element
and fatty acid composition, while ICP-AES and IC analysis results

showed that phosphorus and other impurities were completely elimi-
nated except for nitrate ions. The nitrate ions can be removed during
catalytic isomerization or cracking [65]. Therefore, we may conclude
that the HSM is a viable candidate for the degumming process, and the
degummed oil can also be utilized for the conversion process without
catalytic poisoning.

4. Conclusion

A high shear-assisted lipid extraction and degumming process of wet

Fig. 6. Effects of water and sulfuric acid (vol. % to oil) on phosphate content in
lipids by degumming process (a) Water (b) Sulfuric acid (c) Photograph of wet
biomass, crude oil and degummed oil. Error bars represent the standard de-
viation of duplicate experiments.
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Aurantiochytrium sp. was successfully demonstrated with a bench-scale
HSM. The HSM showed high lipid yield and scalability compared to the
conventional methods with high economic feasibility. Under 30min
treatment at 7000 rpm and 55 °C, the HSM achieved 90% lipid yield
with 5.9ml/g cell solvent usage and 4.83MJ/kg specific energy con-
sumption. The kinetic study revealed that the HSM based-biphasic ex-
traction follows the first-order kinetics, the rate of which is mainly
governed by temperature than turbulent mixing. The HSM was also
successfully applied to a degumming process to obtain highly purified
lipids from crude oil. This mechanical mixing device, which has a
strong possibility to enhance the overall economic feasibility of the
downstream process, can provide a powerful alternative to conven-
tional methods for commercializing microalgae-based biorefinery.
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DHA (C22:6) 365.8 367.3
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